HANDOUT

Introducing DNA barcoding

DNA BARCODING
DNA Barcoding is a global program to establish a
standardized DNA sequence reference library for all
species. To give you some idea of the challenge this
entails- there are approximately 2 million described
species, though recent research indicates there may be
as many as 8-9 million species on the planet (Table 1
modified from Mora et al. 2014).

Table 1.
Number of described, predicted and barcoded species
Described

Predicted

Barcoded

Animal

953,000

7,770,000

144,000

Plant

216,000

298,000

54,000

Other

75,000

682,000

17,000

Total

1,244,000

8,750,000

215,000

DNA barcoding represents a powerful tool for understanding and conserving global biodiversity. DNA
barcoding can be used alongside standard visual identification (ie. comparison of morphological
characteristics) to improve species identification. More importantly, barcoding can (1) help scientists
identify species that look alike (ie. cryptic species), (2) allow identification where traditional methods are
not applicable (eg. see Sushi Gate inset), and (3) provide a reliable, relatively simple method for identifying
species that does not require years of specialized training.

Sushi-gate: Using DNA to identify fish fraud
Students using DNA barcoding found 23% of fish sold
in New York City sushi restaurants was
mislabeled. http://www.nytimes.com/2008/08/22/world/americas/22ihtfish.1.15539112.html

A series of follow up studies found as much as 55% of
fish sold nationwide is mislabeled.
http://www.huffingtonpost.com/2012/12/11/mislabeled-fish-newyork_n_2272570.html

HOW IT’S DONE
DNA barcoding is based on a relatively simple concept- short sections of DNA can be used to identify and
discover species in the same way a supermarket scanner uses the UPC barcode to identify your
purchase. While no single gene or gene region has been found to clearly identify all species, scientists
have found that a roughly 700 nucleotide region of the mitochondrial cytochrome oxidase subunit 1
(CO1) gene can successfully identify most animals. In plants, the CO1 sequence evolves slowly (ie. fewer
mutations are added each generation), making it less reliable when identifying unknown plant species.
Instead, for plants scientists have identified two gene regions coding for chloroplast proteins (matK and
rbcL) that can be successfully used to most identify species.

To identify species using DNA barcodes requires (1) the specimen, (2) genetic analyses,
and (3) a DNA reference library.

(1) DNA Sample
Tissue samples for DNA barcoding can be attained from living, preserved, and processed (eg. ground
beef) specimens. Commonly, specimens are collected in the field or come from existing collections
housed at natural history museums, zoos, and botanical gardens. Because as little as 5 mg of tissue is
needed for DNA barcoding, in many cases live specimens can be sampled and returned un-harmed to
the environment. Tissue from preserved and processed specimens can as well be used for DNA
barcoding (see Sushi Gate) because DNA is a fairly robust molecule and multiple copies of the most
common barcoding genes can be found in each cell. Once the tissue sample is collected it is either
frozen or placed in a preservative (usually in 90% ethanol) for future genetic analyses.

(2) Genetic Analyses
Figure 1. Genetic analyses for DNA barcoding require isolation of the DNA, amplification of the target gene region (PCR), and
sequencing of the amplified gene region.

DNA Isolation

Polymerase Chain Reaction (PCR)

DNA Sequencing

DNA Isolation: There are a number of kits that allow for rapid isolation of DNA from different tissue
types (eg. muscle, blood, or hair). In all cases, a combination of physical and chemical processes is used
to break open (lyse) the cells and to denature cellular proteins. Typically, researchers then use one of a
variety of methods to isolate the DNA and rinse away the remaining cellular contents (eg. by binding the
DNA to small glass beads or by centrifuging the sample to separate the DNA from denatured proteins

and other cellular molecules). The final concentrated solution of total cellular DNA can then be used as
the template for PCR.
Polymerase Chain Reaction (PCR): To copy a target gene region (eg. CO1) researchers have figured out
how to take advantage of the natural ability of DNA polymerase to synthesize a new DNA strand from a
template strand (in this case the template strand comes from the DNA isolated from the tissue sample).
Because DNA polymerase can only build a new strand of DNA onto an existing strand, researchers can
specify the exact section of DNA that will be copied by using synthesized DNA primers (typically 20
nucleotides long) that bind to the beginning and end of the DNA region to be copied. The DNA primers
are added to a buffered solution containing the template DNA, excess nucleotides (A, C, T, G), DNA
polymerase, and polymerase co-factors (eg. MgCl), and then subjected to a series of alternating hot and
cold cycles. This process produces million to billions of copies of the target gene region. (See Appendix 1:
PCR)
Figure 2. Example double stranded DNA sequence with forward and reverse DNA primers shown above and below the template
DNA. Arrows indicate the direction DNA polymerase will proceed when synthesizing a new strand from the template strand.

TAGCCATGCCATATAACCTT 
3’ ATCGGTACGGTATATTGGAATCCGTGCATAATCTGATGTAAGATGCCGTATATGTTTAAGCGAT 5’
5’ TAGCCATGCCATATAACCTTAGGCACGTATTAGACTACATTCTACGGCATATACAAATTCGCTA 3’
 GCCGTATATGTTTAAGCGAT
DNA sequencing: DNA sequencing is very similar to PCR except that a small percentage of the
nucleotides have been modified to terminate polymerase activity (terminator nucleotides). These
nucleotides have also been labeled with a fluorescent dye so they can be detected by a camera. In the
sequencing reaction, as DNA polymerase copies the template strand, by chance it will occasionally insert
a terminator nucleotide instead of a normal nucleotide. This terminates the reaction and the
polymerase moves on to start building a new strand. The result is that the last nucleotide in each of the
copied DNA strands is a fluorescently labeled terminator nucleotide. After all cycles of the sequencing
reaction are complete it is then run through a high percentage polyacrylamide gel (PAGE) and a camera
records the identity of each fluorescent nucleotide as it moves through the gel. A software program
then translates the observed fluorescent peaks into the appropriate DNA sequence (eg. Figure 2).
Figure 3. Observed fluorescent peaks and associated DNA sequences from three species of deep water sharks (genus: Squallus).
The peaks in the graph reveal the presence of individual terminator nucleotides (A, C, T, or G). Each terminator nucleotide is
represented by a different color: green for adenine, blue for cytosine, black for guanine, and red for thymine. DNA mutations
occurring between species are highlighted.

(3) DNA Reference Library
The most common DNA sequence databases are the Barcode of Life Database (BOLD) and the
GENBANK database managed by the National Center for Biotechnology Information (NCBI). BOLD was
specifically created to support genetic based species identification and is therefore the go to database
for DNA barcoding. The BOLD database currently contains sequence data from more than 100,000
vouchered animal species (Figure 2); however, this is just a fraction of all the known and estimated
species on the planet. Nonetheless, for some of the best studied groups (eg. fishes) BOLD contains
sequence data from a majority of the known species.
Figure 3. Location and number of BOLD barcoded specimens as of 10/01/2014.
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Modified from Green, S., Akins, J. L., Morris, J. A. 2012. Lionfish Dissection: Techniques and Applications. NOAA Technical
Memoranda. 24pp

THE LIONFISH INVASION
Lionfish are members of the family Scorpaenidae (Scorpionfishes) which includes many of the world’s
most venomous species. Lionfish are native to the Indian and Pacific oceans but two species (Pterois
volitans and P. miles) were introduced to the Atlantic in 1986 by careless dumping of aquarium fish. By
2009 Lionfish had greatly increased in number and had spread throughout the West Atlantic, including
as far north at New York and south to Venezuela. Lionfish were first recorded in the northern Gulf of
Mexico in 2010 and their numbers have been increasing dramatically since.

“The invasion of lionfish (Pterois miles and P.
volitans) may prove to be one of the greatest
threats of this century to warm temperate and
tropical Atlantic reefs and associated habit - Dr.
James A. Morris, Jr. NOAA
For an animated timeline of the rapid spread of
invasive lionfish go
to… http://nas.er.usgs.gov/queries/FactSheets/Lio
nfishAnimation.aspx

THE PROBLEM
•
•
•
•
•
•

The venomous spines of the lionfish deter predation.
Lionfish reach sexual maturity in one year and breed as frequently as every 4 days.
Lionfish have be found on reefs as deep as 1000 ft., as well as on ship wrecks, mangroves, seawalls,
docks, and estuaries.
Lionfish been shown to consume more than 100 different species.
Lionfish can reduce the population of small and juvenile fishes on a reef by 90%.
Lionfish may out-compete native predators like Red Snapper and Gag Grouper.

LIONFISH FEEDING ECOLOGY
The impacts of invasive Lionfish on native species,
communities, and ecosystems are not yet known.
Dissection and identification of lionfish prey can help
identify vulnerable species and improve conservation
strategies. Here we describe protocols for dissecting
lionfish (Pterois volitans and P. miles) and collecting
lionfish prey for later identification.
By identifying lionfish prey, this project will allow researchers and resource managers to better
understand the impacts of lionfish on native species, including many commercially important species.

HANDLING PROCEDURES AND PRECAUTIONS
Venomous spines: Soak lionfish in an ice-seawater slurry or freeze overnight prior to dissection to
denature venomous spines. Handle fish carefully to avoid puncture wounds from the needle sharp
dorsal and anal spines (wear puncture resistant gloves if available).

MINIMIZING SAMPLING ERROR
Even small errors in measurements can greatly influence the analysis and interpretation of data
collected during dissection. To avoid errors and ensure accurate data…
1) Take careful measurements
a) Repeat measurements to ensure accuracy
b) Have a second person record the data and verbally confirm the information
c) Record all units of measurement (eg. mm, cm, g)
2) CLEARLY record the sample ID on all data sheets and tubes
a) The sample ID will be provided to you
b) When possible, pre-label all vials, bags, and sheets
3) Turn in all data sheets to your teacher at the end of the lab

Figure 1. Lionfish external anatomy

Figure 2. Lionfish internal anatomy

Figure 3. Opening the gut cavity. A) A shallow incision from urogenital opening towards the base of the pelvic fin (pelvic
girdle). B) As you approach the pelvic fins, a deeper cut will be required to sever the pelvic girdle. C) Cutting along the rear
edge of the gill arch towards the dorsal fin. D) Lifting the flank to expose the gut cavity and internal organs, cutting through
minor connecting tissue as needed.

LIONFISH DISSECTION
All dissected lionfish must be weighted and measured prior to dissection. A small tissue sample from
each prey item should be stored in >90% ethanol or a similar tissue preservative to preserve samples for
subsequent DNA extraction (to ensure long-term sample preservation, a minimum of 5x preservative to
tissue is required).
Weight
1) Assign each Lionfish a unique Individual Identification Number (ask your teacher for a number if
one has not already provided)
2) Place specimen tray or paper towels on the scale and balance the scale to zero (press “tare”)
3) Blot the lionfish dry using new paper towel (excess water can be a large source of error)
4) Clear the mouth cavity of any excess ice
5) Place the lionfish on the scale, making sure that no portion of the fish is touching the table or base
of the scale.
6) Record the weight measurement in grams (g) on the provided “Lionfish sample” data sheet
Length
1) Use a metric tape or ruler placed on a flat surface for all length measurements
2) Place the lionfish on top of the measuring tape, with the tape running from head to tail down the
center of the fish
i) Make sure the head of the snout aligns evenly with the start of the measuring tape
3) To the nearest millimeter (mm) measure Total Length (TL; tip of the snout to the longest point on
the tail [caudal fin]) and record the length on the provided “Lionfish sample” data sheet
Opening the Gut Cavity
1) Using a clean disposable razor, make a shallow incision from the urogenital opening towards the
base of the pelvic fins (pelvic girdle) along the bottom (ventral) of the fish (Figure 3A)
i) Note: be sure to cut shallowly to avoid cutting internal organs
2) Continue cutting to the bottom of the gill opening (operculum) (Figure 3B)
3) Place the fish on its side and cut along the back edge of the gill towards the dorsal fin (Figure 3C)
4) Lift the cut region to expose the gut cavity and internal organs, cutting through any connective
tissue as needed (Figure 3D)

Collecting Stomach Contents
1) Before opening the stomach, make sure that prey items or parts of prey items are not protruding
from the mouth or throat (esophagus) by looking into the mouth
2) Locate the stomach (Figure 2)
3) Using dissecting scissors cut the esophagus near the mouth, taking care to not cut any stomach
contents that may be protruding into the esophagus
4) Holding the esophagus closed, remove the stomach by cutting any attached connective tissue
5) Remove the stomach and place it on a clean surface
6) Make a careful shallow cut along the length of the stomach wall
7) Invert the stomach and gently remove all prey items
i) Place prey items on a clean surface for sorting and identification
8) When possible, identify each prey item using visual reference guides to assist with visual
identification of prey (eg. Fishes of the Gulf of Mexico)
9) Briefly dip the prey item in the prepared 10% bleach solution then blot the sample dry
10) Use clean (soaked in bleach) tweezers and a new disposable razor to cut 1cm of tissue from each
prey item
i) To ensure long-term sample preservation cut no more than 1cm of tissue and store in at
least 5x volumes of preservative
11) Place the dissected tissue in the provided 1.5ml tube containing either >90% ethanol or similar
tissue preservative
12) Clearly label the tube with the appropriate prey item Sample Identification Number
13) Repeat steps 8-13 for each prey item
i) To avoid contaminating prey items with lionfish DNA be sure to use clean forceps and new
disposable razors when working each prey item
14) Clean your work station and properly dispose of your lionfish, used disposable razors, and remaining
prey items

LIONFISH STOMACH CONTENTS DATASHEET (turn in at end of class)
Date: ________________________

School: _______________________ Class: _________________

Team: _______________________

Lionfish ID: ____________________

Prey Item ID

Notes

Eg. PHS-LF01a

Eg. Flounder
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DNA EXTRACTION
Before you can copy and read the DNA sequence for a particular gene (eg.
CO1) you need to first isolate the DNA from the collected tissue sample.
This requires using a combination of physical and chemical methods to
rupture (lyse) the cells in the tissue sample and then to separate the DNA
from the other molecules in the cell. This procedure is an essential and
routine step in all genetic research and DNA forensic analyses.

Tissue Digestion
The first few steps in DNA extraction will rupture cell membranes and denature cellular proteins (many
of which will degrade the DNA if given a chance).
Note: Be sure to maintain sterile methods, including wearing clean gloves during every step. Proceed
to step 3 if your teacher has provided a tissue sample in 5% chelex for DNA extraction.
1. Using a sterilized scalpel or razor and tweezers, dissect a very small piece (<2 mm) of muscle
tissue from the unknown prey item.
Note: It’s easy to use too much tissue so make sure your sample is about the size of this box
2. Use your clean tweezers to place the sample in one of the provided 1.5ml microcentrifuge tubes
containing 500ul of the 5% Chelex-100 solution.
3. Use the provided plastic pestle to thoroughly grind up the tissue sample.
4. Label the tube with your initials and carefully put it in the 95° C incubator for 20 minutes.

DNA Isolation
Now that tissue sample has been digested (or at least partially so) you need to separate the DNA from
all the other molecules commonly found in a cell (mostly proteins). The result will be a solution
containing mostly purified DNA.
5. Vortex the sample for 5 seconds. If a votexer is not available, forcefully “flick” the bottom of the
tube several times while tightly holding the top of the tube.
6. Place your sample in the centrifuge and spin at 6,000G (6,000 times gravity) for 2 minutes.
Note: Be sure to make sure the centrifuge is balanced before starting it (see Figure 1)
7. Label a new 1.5ml tube with your initials or group ID (write clearly!)
8. Carefully pipette 200ul of the DNA solution into the new tube. Be careful to not disturb the
protein/chelex pellet at the bottom of the tube (see Figure 1).
Note: Make sure you do not transfer any chelex pellets to the new tube as they will cause your
PCR to fail.

Figure 1. Proper centrifuge loading. If you are not loading an even number
of samples use an appropriate balance tube (balance tube must be the
same weight as tube in opposite well).

Figure 2. Proper technique for pipetting the DNA solution
without disturbing the protein pellet.
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INTRODUCTION TO PCR
PCR (Polymerase Chain Reaction) uses DNA polymerase, a pair of DNA primers, and the four DNA
nucleotides (adenine, thymine, cytosine, and guanine) to create millions to billions of copies of a
particular gene or gene segment from the DNA extracted from a sample (eg. DNA extracted from an
unknown fish).
Because DNA polymerase can only add new nucleotides to the end of an existing DNA strand, a pair of
DNA primers is needed to allow DNA polymerase to start making new copies of the target gene segment.
The DNA primers determine the specific region the polymerase will copy (see “How It Works” below). This
makes it possible to define what gene or gene segment you want to copy (eg. CO1 gene).
After PCR, the copied gene region can be viewed using agarose gel electrophoresis (AGE) and “read”
using a combination of DNA sequencing and polyacrylamide gel electrophoresis (PAGE).

HOW IT WORKS
The image to the right depicts the three steps of a PCR reaction (1)
denaturation of DNA at 95°C, (2) annealing of primers at 52°C and
(3) extension of new DNA strand by polymerase at 72°C. During
PCR, the 3-step cycle is repeated 20-30 times to allow DNA
polymerase to make millions of copies of the target gene fragment.

Key ingredients of a PCR reaction
DNA Template
DNA extracted from selected tissue sample
DNA Polymerase
Enzyme that synthesizes new strands of DNA complementary to
the target sequence
DNA Primers
Short pieces of single stranded DNA that are complementary to
the target sequence. Primers designate the region of the DNA
that will be copied
Nucleotides (dNTPS)
The four building blocks of DNA (adenine, thymine, guanine, and
cytosine).

Preparing Your PCR
In addition to DNA polymerase, DNA primers, and DNA nucleotides, and the template DNA, a
standard PCR reaction will also contain a variety of buffers and co-factors to help the DNA
polymerase function properly. To avoid complications, we will be using a pre-made “cocktail”
containing all the necessary PCR reagents except for the template DNA, which you will provide.
(PCR reagents are heat sensitive so be sure to keep all solutions on ice.)
Set up your PCR reaction
1. Add 1.7ul of your DNA extract to the provided 0.2ml PCR tube
Note: The provided tube contains DNA polymerase, CO1 gene primers, nucleotides, and
buffers (see Table 1A for an example PCR recipe)
2. Label your tube with your sample number (if the tube was already numbered be sure to
record the tube number in your lab book for later reference)
3. Spin the 0.2ml tube briefly in the mini-centrifuge
4. Store the sample in the freezer until you are ready to run the thermal cycler program (see
Figure 1B for an example thermal cycler protocol)

Table 1: A. Generic Standard PCR MasterMix Recipe and B. thermal cycle protocol
A.
B.
Reagent
2x MyTaq DNA polymerase
Primer 1
Primer 2
Nanopure H 2 0
Template DNA
Total volume

Volume (uL)
10.0
0.4
0.4
7.5
1.7
20ul

Step
Step 1- 95 deg C
Step 2- 95 deg C
Step 3- 52 deg C
Step 4- 72 deg C
Step 5- Repeat 2-4 35x
Step 6- 15 deg C

Time
3 min
15 sec
15 sec
10 sec
NA
Infinity
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GEL ELECTROPHORESIS
To verify the success of individual experiments
geneticists will commonly view DNA extractions and PCR
products using an agarose gel. In general, the DNA
sample is stained with a fluorescent dye that binds to the
DNA and the sample is then run through an agarose gel
matrix, which sorts the DNA based on size (smaller DNA
fragments move more quickly through the gel; eg. Figure
1). See Appendix 3 for a detailed description of agarose
gel electrophoresis (AGE).

Required supplies and equipment

•
•
•
•
•
•
•
•

Gel rig and power station
1x TBE buffer
1% agarose gel stained with Syber green
10ul pipette with tips
DNA sample
DNA ladder
UV or blue light imager
Camera

Loading Samples
Once your gel has solidified (or if you are using a precast gel) place the gel in the electrophoresis gel rig
and add 1x TBE to just cover the gel. Make sure the wells of your gel are positioned closest to the
negative (black) electrode. Note: DNA is negatively charged so it will migrate through the gel towards
the positive [red] electrode; DNA always RUNS TO RED.
1. Carefully load 1ul of the DNA ladder in the first well
2. Carefully load 5ul of your sample in the next lane in the gel
3. Continue loading your samples in the additional lanes of the gel
Note: Be sure to record the location of each sample you loaded
4. Place the cover on the gel electrophoresis rig and plug in the electrodes
Note: Match red to red and black to black to ensure proper DNA migration
5. Run the gel at 120 volts until the dye is approximately 50-75% of the way through the gel
(usually about 20 minutes)
6. Turn off the power, disconnect the electrodes, and then carefully remove the gel
7. Using a UV illuminator or blue light illuminator visualize the DNA fragments and take a
photograph to document your results

Analyzing Your Gel
Using the DNA ladder in the first lane as a guide, you can examine the bands in
your sample lanes to determine if your experiment (DNA extraction or PCR)
worked as expected. See Figure 2 for a description of the standardized banding
pattern (ie. size of each band) for the Thermo Scientific Low Range DNA ladder.

Figure 2. Example DNA
ladder

When analyzing your PCR product you should see a single, bright band that aligns
with the appropriate location in the DNA ladder (Figure 1). The location of your
band will depend on the size DNA fragment you amplified (eg. for the CO1 gene
we typically amplify a 750 base pair fragment of DNA). No bands or multiple bands
indicate the PCR did not work. Usually this is the result of (1) experimental error,
(2) poor match between PCR primers and template DNA, or (3) too much DNA was
added to the PCR.
Figure 1. Example agarose gel. Columns include DNA ladder size standards (column
1), bands showing successful amplification (PCR) of CO1 genes (columns 2-4), and one sample that failed
to amplify (column 5).
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Introduction to DNA Sequencing using the Sanger method
DNA sequencing is the process of ‘reading’ the order of nucleotides in a provided DNA sample. Typically,
the sample must contain concentrated, purified DNA (eg. CO1 PCR product), with all DNA in the sample
being identical (eg. PCR product); however, recent technological advances now allow for simultaneous
sequencing of mixed samples (generally referred to as Next-Generation Sequencing), though this
process is not yet appropriate for smaller sample sets and as well requires considerable computational
expertise.
Here we use traditional Sanger sequencing, which does not work on mixed samples (samples containing
DNA from more than one gene or individual); however, the benefits of Sanger sequencing is that it is
relatively affordable and does not require much in the way of specialized equipment or training. Sanger
sequencing is, in fact, very similar to PCR with a few important exceptions (Table 1). Like PCR, DNA
sequencing copies template DNA strands over and over using DNA polymerase, DNA primers, and DNA
nucleotides in a buffered solution; however, DNA sequencing requires just a single DNA primer (rather
than the 2 or more used in PCR), and requires using ‘terminator’ nucleotides in addition to the standard
nucleotides.
Table 1. Comparison of
the reagents required
for PCR and Sanger
sequencing

Template DNA
DNA polymerase
DNA primers
Nucleotides
Terminator nucleotides

PCR
Genomic DNA
Yes
2
A, T, C, G
No

Sanger Sequencing
Purified PCR product
Yes
1
A, T, C, G
Yes

Terminator nucleotides

Why just 1 sequencing primer?

Differ from standard nucleotides in two ways; (1)
a unique fluorescent marker is attached to each
of the four nucleotides to allow for visual
identification of the nucleotide once it has been
incorporated into a new DNA strand, and (2) the
hydroxyl (OH) has been removed from the 5carbon sugar. Because the presence of the
hydroxyl is required to allow DNA polymerase to
continue extending the new DNA sequence,
when a terminator nucleotide is added to the
growing DNA sequence extension is stopped, and
DNA replication is terminated.

Unlike PCR, DNA sequencing only copies and
then ‘reads’ one of the two complimentary
strands of the template DNA. In essence, half of
the DNA with the sample is ignored. This is
because only one strand can be read at a time;
however, since the complimentary strands carry
the same information, the DNA sequence can be
reconstructed from just one strand without
losing any information.

How It’s Done
The DNA sequencing reaction proceeds just like PCR (~35 cycles of denature, anneal, and
extend); however, each time a terminator nucleotide is added to a growing DNA strand,
replication is terminated for that strand because the missing hydroxyl makes it impossible for
DNA polymerase to add any additional nucleotides. This means that by the end of the PCR
reaction every fragment that has been created ends with a dye-labeled terminator nucleotide
(Figure 1). This mixed pool of DNA fragments is then run through a polyacrylamide gel, which is
very similar to an agarose gel except the gel pore size is considerably smaller, making the gel
able to distinguish between fragments that differ in size by just one nucleotide. Like with an
agarose gel, the DNA fragments are sorted by size as they move through the polyacrylamide gel
(smaller fragments migrate more quickly than larger fragments).
As the fragments move through the gel they encounter a laser, which stimulates the
fluorescent dye attached to each terminator nucleotide. A camera then records the observed
fluorescent color, which corresponds to one of the four possible terminator nucleotides. The
fluorescent signals are then displayed in the order they were observed (known as a
chromatogram; Figure 1) and a computer program then ‘reads’ the colored peaks to determine
the proper nucleotide sequence of the submitted sample.
Figure 2. Example fragments constructed during the sequencing reaction (left) with capillary polyacrylamide gel
(right) and associated chromatogram (bottom). (figure credits: www.ambgood.com/marketing/knowledge-base)
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SEQUENCE CLEAN-UP AND COMPARISONS
Before DNA sequences can be used for species
identification they need to be run through several quality
control steps to ensure their accuracy. In general, this
simply means trimming off ambiguous sections at the
beginning and end of the sequence followed by
confirming the individual base calls made by the
sequencing software.
Once the sequences have been cleaned they can then be
compared to either publically accessible DNA databases
(eg. BOLD or GENBANK databases) to determine the
identity of the unknown sample. If the sample identity is
known it may be possible to submit the sequences as a
representative DNA voucher for the species.

BOLD and GENBANK
Web accessible databases that allow for rapid
comparison of a DNA or protein sequence against
thousands to millions of vouchered sequences.
BOLD was specifically designed to facilitate
species identification and therefore only contains
data from a few informative genes (eg. CO1).
GENBANK, on the other hand, is a repository for
any sequence data and as such has become in
valuable tool for researchers in all fields of
molecular biology.

Sequence editing/quality control
DNA sequencing results will be presented as a graphic file (eg. Figure 1). To view the graphic file you will
need to download the free software “Finch TV”. The graphic file shows a display of the trace file, which
allows you to proof the sequence and correct any errors (there are often many). See Appendix 2 for a
detailed description of DNA sequencing and Appendix 3 for a description of the related Polyacrylamide
gel electrophoresis (PAGE).
Figure 1. Example trace sequence files from three species of deep water sharks. Nucleotide mutations occurring between
species are highlighted.

1. Download “Finch TV” if you do not already have a copy on your computer
(http://www.geospiza.com/Products/finchtv.shtml)
2. Open the program and then drag and drop the .ab1 file for your sample into the editing box
3. Adjust the vertical scale so that you can clearly see each of the fluorescent peaks

4. Scroll through your sequence making a point to note where there are any errors (they will be
shown as an N and there will often be multiple fluorescent peaks at the same location).
5. Trim error prone regions from the beginning and end of your sequence
a. Highlight and then delete the region at the start of your DNA sequence containing lots
of errors
b. Highlight and then delete the region at the end of your DNA sequence containing lots of
errors
6. Go through your sequence one nucleotide at a time and look for errors within the middle of the
sequence
a. These will either be noted as an N or as the incorrect nucleotide
Note: regions with incorrect base calls will often show very high fluorescent peaks with
underlying peaks representing the correct nucleotides (eg. Figure 2)
7. Fix any obvious errors in the DNA sequence by highlighting the incorrect base and then typing
the correct base (or delete the nucleotide if you think it was inserted incorrectly)
8. Highlight then copy the complete, edited sequence which should now be error free (only high
quality DNA sequence).
Figure 2. Example sequencing error

Species Identification Using BOLD
The Bar Code of Life Database (BOLD) currently contains CO1 sequence data from more than 100,000
animals. However, there are currently more than 2 million described species meaning that many species
do not yet occur in the BOLD database. Nonetheless, for well studied groups of species (eg. fishes) the
BOLD database is nearly complete.
1.
2.
3.
4.
5.
6.

Open your web browser and navigate to the BOLD website (http://www.boldsystems.org/)
Click on the “Identification” tab at the top of the page
Paste your edited DNA sequence into the box below “enter sequences in fasta format”
Use default settings (do not change any settings)
Click submit
Record the Identification Summary table in your notebook (include Taxonomic Level, Taxon
Assignment, and Probability of Placement)
7. Record the species assignment (include all probable species if more than one is assigned)

Discovering Biodiversity Case Study
A new deep-water shark from the Gulf of Mexico

Figure 1. The Cuban dogfish
(Squalus cubensis; bottom) with
the new, as yet unnamed,
Gulf of Mexico Squalus species
(formerly identified as Squalus
mitsukurii; top)

Problem: The shortspine spurdog shark (Squalus mitsukurii) is a deep-water shark
that is currently thought to occur globally (circumglobal). However, sharks of the
genus Squalus are easily misidentified due to how similar they look (morphology)
and recent research on this species from the Pacific has indicated that S. mitsukurii
may actually be a group of many closely related species (species complex). To
investigate whether or not S. mitsukurii is really more than one species we have
compared the DNA of sharks collected from the Gulf of Mexico to specimens
collected at sites throughout the Pacific Ocean.
Methods: We sequenced the mitochondrial (mtDNA) cytochrome c oxidase 1 gene
(CO1) as well as another mtDNA gene (ND2). DNA sequences were generated for all
sampled specimens to determine how genetically similar individual sharks were to
each other (genetic distance). We as well collected morphological data on all
specimens to see whether there were previously unidentified differences in shape,
size, or structure between S. mitsukurii collected at different sites.

Findings: We found the Gulf of Mexio S. mitsukurii were on average nearly 3%
genetically different from sharks collected in the Pacific (ie. 1 mutation for every
100 nucleotides examined). In addition, significant differences were found in
morphological measurements between Gulf of Mexico specimens and Pacific
specimens. These results reveal that there is a previously unidentified species of
deep-water shark in the Gulf of Mexico.

Implications: While finding a new species is exciting; there is cause for concern, as
this species is being caught as bycatch in the Gulf of Mexico fisheries. Species within
this genus are not able to handle the pressures of heavy fishing pressure, and
declines in populations have been documented in both Hawaiian and Australian
dogfishes. New management strategies will need to be developed to reduce impacts
on this new, and vulnerable, Gulf of Mexico deep-water shark.
Meet the scientist
Mariah Pfleger is originally from Detroit, Michigan and attended Florida State
University for her undergraduate degree. She is currently at the University of West
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Discovering Biodiversity Case Study
Genetic Analysis of Hagfishes in the Gulf of Mexico

Figure 1. (A) Unknown Gulf of Mexico hagfish (family Myxinidae) with secreted ‘slime’ and (B) close-up of
hagfish teeth which are currently one of the only ways to identify different hagfish species.
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Problem: Hagfish are a seldom-studied fish that lives at the bottom of the ocean (up
to 1200 meters, or 3600 feet, deep!). For many fish, telling species apart is based on
physical appearance and structure (morphology), and there are easy to recognize
characteristics to help (eg. forked tail or blue stripe). Hagfish all pretty much look
the same: worm-like and slimy! The only way to tell them apart is actually tiny
differences in their teeth, which don’t always give a clear answer. Moreover, unlike
most fish, where morphology of the internal organs (dissection) can give us
information about how that fish reproduces, the insides of a hagfish are so strange
that very little is known about how they reproduce!
Therefor the research questions I’m investigating are:
1. Can genetics help tell identify existing and new species of hagfishes?
2. Can we learn anything about hagfish reproduction from their genetics alone?

Methods: Hagfish samples are being collected from the Gulf of Mexico on research
ships, and so far we have more than 1000 different fish sampled! Fin clips are taken
and DNA is extracted. To tell apart species, I use mitochondrial markers Cytochrome
Oxidase I (COI) and NADH Dehydrogenase II (NDII). The resulting DNA sequence
data is then used to construct phylogenetic trees, which can be used to identify
samples within the data set that represent different species (DNA barcoding).
Results from DNA analyses are then combined with published descriptions of
hagfish morphology to see if the species I’ve identified match those previously
described, and if not, whether there exists one or more previously undescribed
species.

Findings: So far I have determined that there are three genetically distinct species
of hagfish in the Gulf of Mexico, but the work is ongoing and indications are that we
will identify additional species. The genetic data also shows that hagfish visit sites
throughout the northern Gulf of Mexico, which is pretty impressive for a fish that
doesn’t swim very well.

Implications: Hagfishes are detritivores, meaning they eat all the large dead marine
life that reaches the sea floor. As detritivores, they play a critical role in nutrient
cycling in the ocean. And as gross as it sounds, hagfish are actually eaten (hagfish
sushi; not kidding). Even more are caught for materials: their skin is used as
“eelskin” leather. In recent decades, many hagfish fisheries have been established
and some of those fisheries have already collapsed (fished so many hagfish out that
almost none remain). This means we may be losing species to extinction even before
we’ve identified them. To limit this loss of critical biodiversity, it is important to
understand how many species there are, where those species occur, and how those
species reproduce, so that we can protect these fish in the future. They aren’t pretty,
but they are pretty important.
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